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Developmental staging tables have been essential tools for understanding morphogenesis, gene

regulation, and evolutionary change across animal taxa. However, such frameworks are lacking for

many species, which are relevant for answering key questions in the fields of ecology, evolutionary,

and developmental biology. Here, we present a comprehensive developmental table for the carpenter

ant Camponotus floridanus, an emerging model system for understanding how ecological environment,

eusocial systems, endosymbionts, and organismal development interact and influence each other. Our

staging spans embryonic, larval, and pupal development, combining high-resolution and time-lapse

imaging to document key events from egg to adult. Stages are defined based on conserved features of

insect embryogenesis, including nuclear division, cellularization, gastrulation, germband elongation,

segmentation, and dorsal closure. C. floridanus has evolved novel, species-specific developmental

features, largely driven by its endosymbiosis with the bacteria Blochmannia. Despite this, we

successfully identified several homologous landmarks that are conserved with those of other ants,

including the Pharoah ant Monomorium pharaonis, as well as the fruit fly Drosophila melanogaster. We

characterized 17 embryonic stages and four larval instars in worker castes. We identified diagnostic

traits for each larval instar and revealed a system for determining developmental windows necessary

for mechanistic studies at the larval stage. Finally, we characterized the daily morphological changes
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observed during pupal development, an understudied phase in ant development for understanding

caste differentiation. This framework will provide a foundational reference for mechanistic studies in

ecological evolutionary developmental Biology (eco-evo-devo) in ants and other insects.

Travis Chen and Ab. Matteen Rafiqi contributed equally to this work.

Corresponding author: Ehab Abouheif, abouheif@zju.edu.cn

1. Introduction

The influence of development on evolution has been recognized since the dawn of evolutionary biology

and has gained even greater significance with the rise of evolutionary developmental biology (evo-devo)

in recent decades[1][2][3][4][5][6][7][8]. Evo-Devo focuses on organismal development to connect the black

box between evolution at the level of the genotype and evolution at the level of the phenotype.

Furthermore, comparing development across closely and distantly related species provides insights into

how traits evolve. Comparative studies advanced significantly with the discovery of highly conserved

developmental genes, which is commonly referred to as the “genetic toolkit”[9][10][11][12][13]. This

discovery reinforced the idea that similar developmental mechanisms can give rise to diverse life forms,

supporting the notion that small genetic alterations in the regulation of these conserved genes can drive

significant evolutionary changes. However, at the morphological level, comparing features requires

determining homology of embryonic features. This poses several challenges due to phenomena such as

heterochrony, and lineage-specific elaborations. The discovery of the phylotypic stage, which is a stage in

embryos within a phylum that show the highest level of morphological similarity, was one of the

breakthroughs that made comparison across species easier[14][15][16][17]. The highly conserved phylotypic

stage is symbolized by a narrow point of an ontogenetic hourglass, and an obligatory passage between

two states of higher tolerance for variability[18][19][14]. These theoretical advances in development

succeeded ground breaking descriptive studies in the last century included morphological maps of

embryos from flies, beetles, honey bees, and ants[20][21][22][23][24][25]. More recently, detailed

developmental descriptions have enabled of mechanistic studies across the insect tree of life, including:

the fruit fly Drosophila melanogaster, the flour beetle Tribolium castaneum, the jewel wasp Nasonia

vitripennis, the milkweed bug Oncopeltus fasciatus, the two-spotted criket Gryllus bimaculatus, the water

strider Gerris lacustris, the silkworm moth Bombyx mori, the honeybee Apis mellifera, the pea aphid
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Acyrthosiphon pisum, and Pharoah’s ant Monomorium pharaonis[26][27][28][29][30][31][32][33][34][35][36][37].

Developmental tables in these insects are necessary for standardizing developmental stages between

species and comparing homologous features between species. This is the first step for understanding the

mechanistic basis for evolutionary change, paving the way to dissecting out the processes underlying

novelty, from the highly conserved gene regulatory networks during development to morphogenesis to

adult morphology. Standardized developmental staging tables play an essential role in identifying the

nodes and interactions in genes regulatory networks between comparable species.

Ants belong to the family Formicidae (order Hymenoptera) with more than 20 000 described species that

span all 6 habitable continents of the world[38]. Ants are also positioned at the base of insects with

complete metamorphosis (Holometabola). The position of ants in relation to both insects with and

without complete metamorphosis makes them highly useful for comparative developmental studies.

Ants exhibit a diversity in body plans, as well as specialized, and adaptive morphologies[39][40][41][42].

Efforts to understand the developmental basis of ant body plans and their diverse morphologies have led,

over the last two decades, to pioneering discoveries in the field of ecological evolutionary developmental

biology (eco-evo-devo)[43][44][45][46][47][48][36][49][50][51][52][53][54]. This field focuses on how ecological,

social, and symbiotic factors interact with the highly conserved genetic tool kit, and how this interaction

influences development and evolution[55][56][57][58][59]. However, despite the emergence of eco-evo-devo

studies in ants, comprehensive developmental tables that are necessary foundations for such studies are

lacking. Historically, there were several prescient attempts to study ant development[60][61][62][30][63][64]

[65][48][36][25]. However, these studies had limitations: They were either not comprehensive or detailed

enough to use as templates for modern mechanistic studies in ants, they did not clarify the identity of the

tissues, the timing of the appearance of features, and the morphogenetic movements during

development. Therefore, a comprehensive table of developmental stages has not been established so far.

The developmental table of M. pharaonis in 2024 was the first comprehensive table of a representative ant

species[36], allowing the establishment of a developmental staging system. However, recent studies

investigating regulatory gene networks underlying embryonic development in ants are revealing that

these networks have undergone significant alterations on relatively short timescales[48][30]  (Khila and

Abouheif 2010). While this makes ants an attractive model for mechanstic eco-evo-devo studies, it poses

a challenge in identifying homologous developmental landmarks between species. Here, we focus on

Camponotus floridanus[66], a species with radical alterations in embryonic development[48]. Our main aim
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in this work is to establish a comprehensive developmental staging table for C. floridanus despite radical

alterations in embryonic development.

The genus Camponotus[67]  is a hyperdiverse ant genus with over two thousand extant species

described[38][68]. A recent molecular phylogenomics study placed Camponotus within the monophyletic

tribe Camponotini, which includes the following two other genera: Colobopsis and Dinomyrmex,[69]. The

Florida Carpenter ant, C. floridanus, has been extensively used in the last decade as an emerging model

organism for a variety of research programs including neuroscience, microbiology, pheromone, chemical

communication, endosymbiotic interactions, endocrinology, genomics, epigenomics and developmental

epigenetics[44][70][71][72][73][74][75][76][77][78][79][80]. C. floridanus can be efficiently reared in the laboratory

to about 10000 individuals from single mated foundress queens, with colonies living longer than a

decade[81]. Furthermore, embryonic, larval, and pupal stages can easily be collected, and experimental

replicates comprising subsamples from lab colonies can be easily made[82]. Replicates can be designed to

control for genetic and/or environmental variation and to evaluate functional and behavioural

phenotypes. C. floridanus is one of the few species in the family Formicidae where laboratory experiments

are relatively easy to perform. Gene function can be studied at embryonic, larval, pupal, and adult stages

using RNAi, and pharmacological manipulation[74][75][48][83][78]. Furthermore, numerous other molecular

techniques such as gene expression, ATACseq, and other techniques have been shown to work effectively

in C. floridanus and other ants[44][48][49][84].

C. floridanus was one of the first complete ant genomes to be sequenced[71], along with sequenced

genomes for the Argentine ant Linepithema humile[85], the Red harvester ant Pogonomyrmex barbatus[86],

the Leaf cutter ant Atta cephalotes[87], and the Fire ant Solenopsis invicta[88]. The complete genome[71] as

well as various methylome and histone data sets have been generated for Camponotus[70][79]. There are

now over 250 sequenced ant genomes[89][90][91]. However, the early development of ants remains poorly

studied, and a clear picture of developmental timing and standardized staging is entirely lacking. Based

on the various aspects of biology being investigated in C. floridanus, a comprehensive developmental

staging system will open enormous possibilities to address longstanding mechanistic questions, such as

the effect of endosymbiotic bacteria on behaviour, caste determination, epigenetics, cell fate, and

molecular basis of morphological innovations. In this paper, we characterize in detail the complete

developmental stages of embryonic, larval, and pupal development covering the stages from egg to
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adulthood. Despite the reported radical alterations, we were able to harmonize the staging tables between

D. melanogaster, M. pharaonis and C. floridanus.

2. Results and Discussion

2.1. Embryonic development

We analyzed embryonic development using DIC microscopy (Figure 2) and fluorescent microscopy

(Figure 3) of fixed embryos as well as movies of live embryos (Embedded Video 1). Despite the radical

alterations in embryogenesis observed in C. floridanus[48], we were able to characterize 17 stages

homologous to the stages described for D. melanogaster[92][27], and the ant M. pharaonis[36]. When the egg

is laid, it is protected by two layers: the vitelline membrane, which is an acellular layer composed of

proteins and the chorion, which is a hard calcified shell. To be able to image and characterize embryonic

features better, we manually removed these two layers prior to imaging for all stages. Embryonic

development under our laboratory conditions lasts for 12-13 days. A detailed description of the events and

features of C. floridanus development during each of the 17 embryonic stages is as follows:

2.1.1. Embryonic Morphology

Stage 1: 0 to 5 ¾ hours after egg laying (HAEL). This stage is characterized by the presence of one to four

nuclei, which is similar to stage 1 in Drosophila and M. pharaonis, except that the nuclei are placed towards

the anterior pole of the egg (Figure 2a and 3a). Unlike these two species however, in C. floridanus the

endosymbiotic Blochmannia (Candidatus Blochmannia)[93] are present and fluoresce intensely, appearing

as a cap covering about 20% of the posterior (Figure 3a). At the boundary that separates the Blochmannia

from the rest of the egg (at ~80 % egg length when measuring from the anterior pole as 0%), we observe

a lighter-colored cytoplasm on both dorsal and ventral side of the egg (Figure 2a).

Stage 2: 5 ¾ to 16 ½ HAEL. This stage is characterized by the presence of 8 to 256 nuclei at the anterior

pole, which is similar to Stage 2 of Drosophila and M. pharaonis (Figure 3b). These nuclei are the products

of the 3rd to the 8th nuclear divisions, which can be visualized as waves of cytoplasmic contractions that

occur approximately every 115 minutes (Embedded Video 1; 5s - 16s). The nuclei are in a loosely organized

pattern on the anterior side (Figure 3b). In the anterior region inward projections of outer plasma

membrane are observed. This differs from Drosophila or M. pharaonis, where they appear at a later stage

and throughout the embryo. At about 80% egg length, the embryo shows slight dents appearing laterally
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as gaps in the perivitelline space (Embedded Video 1; 5s-7s), which corresponds to the position of lighter-

colored cytoplasm (Figure 2b). During this stage, the embryo shortens slightly so that two more gaps are

formed between the eggshell and the vitelline membrane, first at the anterior pole and then at the

posterior pole (Embedded Video 1; 7s - 11s). At the same time, a part of the cytoplasm can be observed

moving from the center of the egg to the posterior where the bacteria are located. The plasma membrane

at the anterior ventral side of the egg begins to grow inward projections visible as a thin line parallel to

the outer lining of the disc, which marks the beginning of cellularization of the germ disc (Figure 2b).

Stage 3: 16 ½ to 18 ½ HAEL. Similar to Stage 3 of Drosophila and M. pharaonis, this stage is characterized by

512 nuclei (Figure 2c). We observe two distinct patterns in the distribution of nuclei along the length of

the embryo. One region of high nuclear density in the anterior extending till approximately 25% egg

length ventrally and approximately 10% egg length dorsally. This marks the formation of the

presumptive germdisc in the anterior ventral region of the egg (Figure 2c). This is in contrast to M.

pharaonis where the presumptive germdisc initiates in the posterior-ventral, and also in contrast to

Drosophila where the germband initiates along the entire ventral region. Throughout the rest of the egg,

the density of nuclei is significantly lower (Figure 3c). At the posterior pole, where Blochmannia reside, we

can observe approximately 10 conspicuous nuclei surrounded by ‘cytoplasmic halos’ that are devoid of

bacteria (Figure 3c). These nuclei with cytoplasmic halos are what earlier authors referred to as ‘energids’

in developing embryos of plants and animals[94]. We propose that these nuclei with cytoplasmic halos are

homologous to the germline energids observed in Drosophila embryos at the same stage. However, it

would require germline markers to confirm the homology.

Stage 4:18 ½ to 24 HAEL. Similar to Drosophila and M. pharaonis, Stage 4 in C. floridanus begins with the

presence of 1024 nuclei and ends prior to the completion of cellularization (Figure 2d). In the region of the

presumptive embryonic rudiment in the anterior-ventral of the egg, inward projections of the

membranes appear deeper presumably because cellularization progresses further (Figure 2d, Figure 3d).

Strikingly, a dense cytoplasmic region appears on the ventral side at 80% egg length in the shape of a

crescent (blue arrowhead in Figure 3d). The nuclei with cytoplasmic halos appear more clustered at the

posterior pole and are externalized (Figure 3r).

Stage 5: 24 - 35 HAEL. Similar to the cellular blastoderm stage 5 of Drosophila and M. pharaonis, this stage

is characterized by the completion of cellularization. After the membranes complete their inward

projection, the germdisc appears as tightly packed columnar cells (Figure 2e,e' and Figure 3e, s). The

embryonic rudiment is now similar in appearance to the germdisc described in other insects[21], except
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that it is positioned in the anterior of the egg. Using confocal microscopy, however, we can distinguish

three distinct types of extraembryonic cells at this stage: (1) the serosa consists of spherical cells tightly

packed anterior to the germdisc (Figure 4c-e’, h-i’); (2) the amnion consists of larger and flattened cells

present in the dorsal anterior region (Figure 4f-g’); and (3) large cuboidal cells, which cover the middle

cylindrical part of the egg, covering an area wider at the ventral side but narrower on the dorsal side

(Figure 4a-b”’). Similar cuboidal-type cells have been observed in many hymenopterans and have

variably been identified as either: fat cells, trophocytes, tetratocytes, or serosa by earlier authors[95][96][97]

[98][48][99][25]. Our live imaging data suggests that they may eventually be consumed by the embryo at a

later stage (stage 17; Embedded Video 1: 4 minutes 50 seconds onwards). We therefore propose to call

these trophocytes, but this proposal requires to be further tested. The serosa and the amnion are similar

in appearance to extraembryonic membranes described in other insects such as the lower flies, beetles,

and wasps, although their position relative to the egg is unique in C. floridanus[48]. The putative

trophocytes we have observed here can also be observed in other ants[36], and may be similar to the

teratocytes described in endosparasitic wasps[100]. How commonly these putative trophocytes occur in

other insects remains to be tested. The dense cytoplasmic region described at stage 4, which is in the

shape of a crescent at 80% egg length, disappears and a large spherical cell now appears in the same

location (Figure 3e). This large spherical cell has been called the germline capsule and has been shown to

house the germline nuclei as well as a small population of Blochmannia bacteria, which are destined for

vertical transmission through the gonad[48]. This germline capsule is a unique feature of the genus

Camponotus[48]. In the posterior region the cells called bacteriocytes containing endosymbionts are now

clearly visible. Each bacteriocyte contains a few zygotic nuclei and is about 40-50 micron in diameter.

The cytoplasmic halos observed at the posterior pole in stage 4 (white arrowhead in Figure 3d) are now

absent or hidden underneath the mass of bacteriocytes (Figure 3e).

Stage 6: 35-60 HAEL. Similar to Drosophila and M. pharaonis, Stage 6 is characterized by gastrulation of the

germdisc (Figure 2f and Figure 3f). From the ventral view (Figure 3t), a ‘furrow’ appears on the germdisc

along its midline, oriented anterior to posterior. This marks the beginning of gastrulation, in which

invagination of the presumptive mesoderm separates it from the ectoderm. This mode of gastrulation is

distinct from other known hymenopterans such as Apis mellifera and M. pharaonis where a mesoderm

furrow is not observed[21][36]. Live imaging shows the diameter of the germdisc becomes shorter with

greater curvature (Embedded Video 1, 34s-42s). At this time, the extraembryonic serosa cells form a cap

over the anterior of the egg from 0% to 25% egg length (Figure 4c-d’). The large cuboidal cells (putative
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trophocytes) are observed in the same position as in stage 5. The germline capsule becomes larger, and

the germline nuclei within it now appear as a spherical cluster (Figure 3f). Staining with Tubulin, a

cytoskeletal marker, reveals a small slit on the lateral surface of the capsule adjacent to the cluster of

germline nuclei (Figure 4a”,a”’). The function of this slit remains unclear and requires further

investigation. The bacteriocytes are now located more dorsally.

Stage 7: 60 – 79 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by initiation of

germband elongation and continued expansion of extra-embryonic layers (Figure 2g, Figure 3g and

Figure 4 b”-b”’; d,e) During this stage the disc-shaped embryo elongates along the AP axis on the ventral

side of the yolk, forming what is typically called the germband (Embedded Video 1, 1m and 2s -1m and

15s). The posterior end of the germband is embedded underneath the large cuboidal extra-embryonic

cells in the ventral (Embedded Video 1, 1m and 2s -1m and 15s). The serosa cells now start to extend to

envelop the entire embryo as a lining beneath the vitelline membrane (Figure 4d-e’). The putative

trophocytes appear loosely scattered underneath the serosa throughout the egg. The bacteriocytes are

now more dorsally located, whereas the germline capsule is located at the posterior (Figure 2g and Figure

3g).

Stage 8: 79 – 120 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by germband

elongation. In C. floridanus the germband is elongated such that the anterior and posterior ends of the

germband both connect to the bacteriocytes (Figure 2h and Figure 3h). Even though segmentation has

not yet begun, the germband appears undulated at this stage (white arrowheads in Figure 3h). The

undulation at the anterior is slightly wider than the rest. The germband remains on the ventral side

abutting a spherical yolk (Figure 3h). The amnion, which is laterally contiguous with the germband,

covers the dorsal side of the yolk but not the bacteriocytes or the germline capsule (Figure 4f-f’). The

serosa continues to envelop the germband, yolk, bacteriocytes, and germline capsule (underneath the

vitelline membrane). The putative trophocytes are now packed around in the spaces between the serosa

and the embryo (Embedded Video 1, 1m and 2s – 1m and 43s). In live imaging, the cytoplasm of the yolk

sac appears very dark in colour but suddenly turns lighter (Embedded Video 1, 1m and 44s – 1m and 48s).

The bacteriocytes are aggregated in the shape of a wedge on the dorsal side of the egg (Figure 2h and

Figure 3h). One of the tips of the wedge is connected to the anterior end of the germband, while another

tip is connected to the posterior. The germline capsule remains at the posterior pole of the egg adjacent to

the germband (Figure 2h and Figure 3h).

qeios.com doi.org/10.32388/OJQC0N 8

https://www.qeios.com/
https://doi.org/10.32388/OJQC0N


Stage 9: 120 – 154 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by the

completion of germband elongation such that it extends along the ventral side from the antero-dorsal to

the posterior of the egg (Figure 2i, Figure 3i and Figure 5a-c). The germband is wider with denser nuclei

and now forms a sharp boundary between it and the amnion (compare Figure 4f-f’ with Figure 4g-g’).

The germline capsule is now positioned internally with respect to the germband. The germline nuclei

inside the capsule cannot be observed with DAPI staining alone at this stage. Based on germline marker

staining, Rafiqi et al.,[48]  have shown that the germline nuclei are located inside the germband at this

stage, raising the possibility that the germline migrates across membranes from the capsule to the

germband. Some of the bacteriocytes can now be observed inside the yolk sac and begin to move towards

the periphery of the yolk sac (magenta arrowhead in Figure 2i and Figure 3i, and Embedded Video 1, 2m

and 27s – 2m and 38s). The amnion is extended over the embryo’s dorsal side, such that the bacteriocytes

and germline capsule are located internally within the germband and amnion (Figure 4g-g’). The putative

trophocytes are positioned around the amnion and embryo.

Stage 10: 154 – 177 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by the

appearance of a hole in the centre of the head called the stomodeum, which will develop into the future

mouth. The head is now significantly wider compared to the rest of the germband (Figure 2j, Figure 3j

and Figure 5d-f). The segment boundaries are now apparent as grooves throughout the germband, which

marks the beginning of morphological segmentation (Figure 5d,f). The bacteriocytes become smaller,

their multiple nuclei fuse and become central, and the bacteria within are more tightly packaged (Figure

2j and Figure 3j). The bacteriocytes continue to move towards the periphery of the yolk sac (Embedded

Video 1; 2 m and 38s – 2m and 45s).

Stage 11: 177 – 184 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by readily

observable segmentation along the entire germband, in which the furrows between segments become

more pronounced (Figure 2k and Figure 3k). The head develops a series of small and large lobes around

its periphery, and the stomodeum becomes deeper (red arrowhead in Figure 2k and Figure 3k). The

germband begins to straighten at this stage, which is typically called germband retraction (Figure 6 and

Embedded Video 1; 3m and 5s – 3m and 8s). Compared to the Drosophila or beetle embryo where the

posterior end does most of the retraction, in C. floridanus the retraction is bi-directional from the head as

well as the tail end. Unlike in C. floridanus, D. melanogaster and M. pharaonis, initiate the process of

germband retraction in Stage 12[36]  (Campos-Ortega & Hartenstein). Toward the end of this stage,
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tracheal pits are seen in segments T2 to A8 bilaterally (Figure 5g). The germline capsule appears to pop

out dorsally (Figure 2k and Figure 3k).

Stage 12: 184 – 209 HAEL. Similar to Drosophila and M. pharaonis, this stage is characterized by

development of the head and gnathal structures. The lobes in the head become more pronounced

forming the presumptive head (pro-cephalic) and mouth (gnathal) parts, including the pro-cephalic

(clypeus, and a pair of hypopharyngeal lobes) and gnathal (bilateral pairs of labrum, maxilla, and

mandible) parts (Figure2l, Figure3l and Figure 5j-l). Ventral to the head structures and in between the

pairs of gnathal buds, the presumptive mouth is more prominent. The gnathal and hypopharyngeal lobes

are oriented along the anterior, while the clypeus is oriented dorsally (Figure 5k,l). A pair of large lobes

are formed dorsal to the hypopharyngeal buds and on the sides of the clypeus, whose position is

homologous to the optic lobe in other insects (Figure 5k,l). Germband retraction and straightening of the

germband, proceed further (Figure 6). The germline capsule is now not as prominently popped out as in

the previous stage (Figure 2l and Figure 3l).

Stage 13: 209 – 220 HAEL. Similar to Drosophila and M. pharaonis, this marks the end of germband

retraction and the beginning of dorsal closure, which can be seen as a reduction of the distance between

the edges of the epidermis (Figure 2m and Figure 3m). The procephalic buds are observed more anteriorly

and the gnathal buds are more pronounced and slightly ventral in orientation (Figure 5n,o). In the

posterior, proctodeal invagination becomes observable (Figure 2m and Figure 3m). The germline capsule,

which was in a dorsal position is now seen in the ventral and posterior position just adjacent to the

germband (Figure 2m and Figure 3m). Live imaging shows that the germline capsule moves as if a

balloon passes through a narrow constriction (Embedded Video 1; 3m and 32s – 3m and 41s).

Stage 14: 220 – 232 HAEL. Similar to M. pharaonis, in this stage the procephalic and gnathal buds are now

arranged into a circle in the anterior giving rise to the lining of the future larval mouth (Figure 2n and

Figure 3n). For higher flies such as D. melanogaster, this stage is characterized by the process of head

involution giving rise to headless larvae. This process is specific to that suborder of true flies but is

absent in other insects including ants. The segment boundaries continue to become more pronounced,

and the proctodeal invagination is clearly visible (Figure 3n). The process of dorsal closure proceeds

similar to M. pharaonis as closing of the gap between the edges of the epidermis, but unlike D.

melanogaster, none of the segments are yet closed dorsally.

Stage 15: 232 – 252 HAEL. Similar to D. melanogaster and M. pharaonis, this stage is characterized by the

completion of dorsal closure. Dorsal closure is accomplished when the lateral epidermis joins at the
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dorsal side of the embryo starting from the anterior and posterior ends and closing towards the mid

region. At the same time, the gnathal buds appear shifted slightly ventral giving a more constricted

spherical pattern. The optic lobes are now internal to the outer epidermis of the embryo (Figure 2o and

Figure 3o).

Stage 16: 252 – 285 HAEL. Similar to M. pharaonis, during this stage the larval mouth is placed further

ventrally and becomes further constricted (Figure 2p and Figure 3p). The embryo around the abdominal

segments takes the form of a barrel, while the body around the thoracic segments is narrower and longer.

The midgut and germline capsule are reduced in size compared to earlier stages (blue arrowheads in

Figure 2p and Figure 3p).

Stage 17: 12th day AEL. Similar to D. melanogaster and M. pharaonis this stage marks the end of

embryogenesis. The pre-larva is fully formed inside the eggshell consisting of a layer of loosely attached

putative trophocytes, the serosa, and the vitelline membrane. The germline capsule can be observed in

the posterior of the abdomen as a highly reduced sphere, which is not observable towards the end of this

stage (Figure 2q and Figure 3q). The pre-larva begins to wiggle inside the eggshell and consumes the

putative trophocytes (Embedded Video 1; 4m and 52s – 5m and 05s). The gut contents appear to be

actively moving (Embedded Video 1;5m and 8s – 5m and 33s). The body around the thoracic region

becomes even narrower and the pre-larva further elongates, curving its head ventrally. The larva then

hatches from the eggshell.

2.1.2. Duration

Embryonic development takes approximately 13 days from the time an egg is laid by the Queen. We

observed some variation in duration of embryonic development in embryos that were reared without

workers; these embryos develop relatively faster (data not shown). The duration of specific stages taken

as percentage of total time of duration (13 days being 100%) showed an overall scaling of the durations

with some key differences. Durations of stages 1, 6, 7, 8, 9, 10, and 16 were shorter compared to the

corresponding stages in Drosophila. Whereas, stage 2, 3, 4, 5, 11, 12, 13, 14, 15, and 17 were significantly

longer than the corresponding stages in Drosophila. In comparison to M. pharaonis stages 1-5 and 11-13 are

proportionately shorter while as stages 6-9 and 14-17 are proportionately longer in C. floridanus. Overall,

these data show that development is slower between the stages 8 and 10 in C. floridanus compared to

Drosophila and is conspicuously faster in stage 11 compared to Monomorium. This is in addition to the fact
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that development is 13 times slower in C. floridanus than in Drosophila in absolute time and is slightly

slower than M. pharaonis by two days (Figure 7).

The duration of embryonic development has been shown to be affected by the presence of workers[30]. In

C. floridanus, we also noted that embryos that were allowed to develop in the absence of workers on water

agar plates developed much faster than the embryos that were accompanied by the workers (unpublished

observations). This phenomenon may be attributed to the founding of colonies where the initial eggs are

accelerated in development to establish a colony as fast as possible to supply the colony with foragers[101].

In summary, despite the radical alterations in embryogenesis described by[48], we were able to assign 17

embryonic stages of the carpenter ant C. floridanus that are homologous to those of D. melanogaster[92]

[27]  and the ant M. pharaonis[36]. Furthermore, the proportionate duration of stages fairly corresponds

with those described earlier for other insects with a few minor exceptions in morphology described

above (Figure 8).

2.2. Larval development

The number of larval instars in C. floridanus has previously been a matter of debate, being described as

having anywhere between 2 to 5 larval instars[102][77][103][104]. The number of larval instars reported

more broadly within the ant tribe Camponotini (the tribe to which C. floridanus belongs) also varies

between 3 to 5[105][106][107][108][109][110][111]. For example, 4 instars were reported for Camponotus

textor[110], 3 were reported for Camponotus vittatus[109], and 4 were reported for Camponotus japonicus[108].

The variation reported in these cases is likely due to the different methods used to determine the number

of larval instars, which range from a purely qualitative assessment to the more rigorous method of

measuring head capsule width against frequency of the larvae[112]. In C. floridanus, Alvarado et al.

[44] previously found 4 larval instars by plotting head capsule width and larval length. Here we sought to

confirm the number of larval instars in C. floridanus by measuring mandibular length[112]. Although

difficult to measure, mandibular length also provides a rigorous measure of the number of larval instars

because the mandibles and head capsule are sclerotized (hard) parts of the larval body. Therefore, these

hard parts only grow between instars when the surrounding cuticle is shed but not within instars. Using

mandibular length, we found that the distribution of sample number of larvae collected from a C.

floridanus colony shows four distinct modal distributions confirming the existence of four larval instars

(Figure 9).
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In C. floridanus, we observed high variability between individual larvae in the duration of larval

development within each instar (see Figure 13a). 1st instar larvae were observed 13 days after egg laying

and were observed as 1st instar between 6 and 13 days after hatching. Specifically, about 75% of the 1st

instar larvae were observed for 6 days, while the remaining continued to be observed gradually

decreasing in number up until the 13th day after hatching. 2nd instar larvae were first observed on the 6th

day after hatching and were observed for at least 4 days after their molting. 3rd instar larvae were first

observed on the 10th day after hatching and continued to be observed for a minimum of 4 days. The 4th

instar larvae were first observed on the 14th day after hatching and continued for a minimum of 5 days

after that before they started spinning a cocoon and transitioned into the pupal stage. In total, the

minimum duration of larval development was 19 days. After 19 days of larval development, 2, 3, and 4th

instar larvae remained observable in our experimental replicates, gradually decreasing in numbers. The

duration of all larval instars has also been reported to be highly varied between individual larvae in C.

japonicus[108].

Alvarado et al.[44] have suggested that larvae are determined as minor or major worker-destined larvae

during the last (4th) instar as that is the instar where the majority of larval growth is generated. During

the last instar, larvae undergo rapid growth after they are determined as minor or major workers.

Developmental time in C. floridanus is correlated to final larval size, such that the smaller minor workers

develop for a shorter period, than the larger major workers. Because C. floridanus minor and major worker

larvae vary continuously in size, the duration of larval instars is highly varied between individual larvae.

Once larvae reach the terminal stage as reflected by their gut color, just before pupation, they attain their

final larval size (see Figure 12 and detailed description below under “4th instar larvae”). At this point, the

relative size of larvae in the colony reflects their relative size as adults in the colony (Hanna et al. 2023).

These and the following descriptions provide a road map for identifying developmental windows or

critical periods during which worker subcaste determination takes place, which is key for enabling

mechanistic studies of larval caste determination in this species. Alvarado et al.[44], for example, explored

these developmental windows to investigate the role of epigenetic modifications in quantitative worker

sizing and caste-specific development, and more recently, MacMillan et al.,[113]  explored them to show

that minor worker and soldier castes in C. floridanus are determined by a developmental switch mediated

by JH signaling.
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2.2.1. Larval morphology

1st instar larvae (Figure 10 a, e, h, Figure 11 a-c, a’) – The 1st instar larvae have mandibular lengths of 70-

77 μm (Figure 9), and Alvarado et al.,[44]  describes the head capsule width of 300 μm to 340 μm, and a

length of 800 μm to 1100 μm. They are slightly off-white and opaque; a very slight light brown coloring

can be observed in the abdomen if the larvae have been fed. From the head capsule to the posterior the

larvae consist of 3 thoracic segments (T1-3), 10 abdominal segments (A1-10), and a subterminal anus.

From a ventral view the body of the 1st instar larvae is widest at A5 and tapers towards both the anterior

and posterior, with a shallower taper towards the anterior (Figure 10 e). A pair of eye spots are seen

anteriorly above the mouth (Figure 11a). From a lateral view, the mouth is seen ventrally oriented, the eye

spots are anterior. The T1-T3 segment boundaries are offset between their ventral and dorsal sides and

together are wider dorsally and narrower ventrally. The gula is seen anterior to the T1 on the ventral side

(Figure 10h). Large spiracles can be observed as holes on the lateral sides of the larvae in segments T2, T3,

as well as A1-A8 (Figure 10h). The 1st instar larvae lack hairs on the posterior end, yet have cuticular hairs

on the head capsule and two pairs on the sides of the gula (Figure 11 a,c), consisting mostly of short (30

μm - 45 μm) unbranched smooth slightly curved, or uncinate forms[114]. A pair of antennae can be

observed on the head capsule along with a pair of very pronounced tentorial pits (Figure 11a’).

Unbranched smooth hairs can be found on the clypeus and above the labrum. Unbranched uncinate hairs

can be seen on the gena (side of the frons) and ventral side of the labrum. Multiple setaceous and

basiconic sensillae can be observed on the labrum. Small pinhead-like protuberances of the galea and

palps can be observed on the maxilla and the labium. The mandibles are camponotoid subtriangular and

smooth. The head is proportionately larger than the body in the first instar compared to the later instars.

2nd instar larvae (Figure 10b, f, i and Figure 11 d-g) – The 2nd instar larvae have mandibular lengths of

100-120 μm (Figure 9), and Alvarado et al.,[44] describes the head capsule width of 370um to 410um, and a

length of 1200um to 1450um. They are slightly off-white and opaque, and the gut has a light yellow-

brown opaque pigmentation from ingested contents. From a ventral view (Figure 10f) the body of the 2nd

instar larvae has a more uniform body width compared to 1st instar larvae, with very little tapering

towards the anterior and significant tapering towards the posterior only starting at segment A8. As with

the 1st instar larvae the gula tapers from the ventral towards the dorsal. Also like the 1st instar larvae,

spiracles can be observed on the lateral side of the larvae on segments T2, T3, and A1-A8 (Figure 10i). The

2nd instar larvae have cuticular hair on the head capsule, as well as T1-T3, A3, A9, A10 segments (Figure 11
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d), and around the anus (Figure 11e). The cuticular hairs on the 2nd instar larvae are unbranched smooth

and predominantly uncinate with a few straight ones found on the head capsule. A pair of antennae with

3 sensillae each can be observed on the head capsule, along with a pair of tentorial pits that are less

pronounced compared to the 1st instar (Figure 11d, g). Unbranched smooth uncinate hairs can be found

on the head capsule. Multiple sensilla can be observed on the galena and palps on the maxillae, and on

the labium (Figure 11d). The cuticular hairs on the thorax, abdomen, and anus are generally longer (75 µm

– 85 µm) than the hairs on the head capsule (55 µm – 60 µm). A pair of short uncinate hairs can be found

on each side of the ventral-lateral of the gula. Cuticular hairs on T1 and T2 segments are predominantly

found on the dorsal and dorsal lateral of the segment (Figure 10i). A single cuticular hair is seen on the

lateral surface of T3 and at the central point on the ventral surface of the A3 and A7 segments (Figure 10i).

A pair of cuticular hairs can be seen equally spaced from the center on the ventral surface of the A8

segment (Figure10f). There are several hairs on A9 and a couple on the A10 segment around the anus

(Figure 10f, 11e).

3rd instar larvae (Figure 10c, g, j and Figure 11 h-l) – The 3rd instar larvae have mandibular lengths of

144-160 μm (Figure 9), and Alvarado et al.,[44] describes the head capsule width of 450 µm to 530 µm, and

a length of 1600 µm to 2700 µm. They are slightly off-white and opaque; the gut has a light yellow-brown

opaque pigmentation from ingested contents. From a ventral view (Figure 10c, g) the body of the 3rd

instar larvae has wider central abdominal segments, tapers slightly from segment T3 towards the

anterior, and tapers more dramatically from segments A7 towards the posterior. The proportionate

growth of the larval thorax and abdomen is greater than that of the head (compare Figures 10a, 10b, with

10c). Spiracles, which are present in T2, T3 and A1-A8 are mostly covered by the cuticular hairs but may

be observable in a few of the segments (Figure 10j). The cuticular hairs on the head capsule are sparser

compared to the larval body and lack longer hairs, while all types of hairs can be found on the head

capsule, it is overwhelmingly comprised of unbranched smooth straight/slightly curved hairs (Figure

11h). A pair of antennae with 3 sensillae can be observed on the head capsule (Figure 10g, 11h). The pair of

tentorial pits are less pronounced compared to the 2nd instar, whereas the galena and maxillary palps are

more pronounced compared to the 2nd instar (Figure 11h, compared to 11d). A mixture of cuticular hair

uniformly covers the larvae, which comprise of predominantly short cuticular hairs (60 µm) with a sparse

distribution of long hairs. More specifically, the types of hair found on the 3rd instar larvae are:

unbranched smooth uncinate, unbranched smooth straight/slightly curved, branched bifid smooth

deeply bifid, and branched multifid and smooth branching dichotomously (Figure 11h-11l).
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4th instar larvae (Figure 10d, k, and Figure 11m-q) – The 4th instar larvae have mandibular lengths of

194-212 μm (Figure 9a), and Alvarado et al.,[44] describes the head capsule width of 590 µm to 630 µm, and

a length of 3000 µm to 7800 µm. Depending on the size and how close to pupation the larva is, the colour

and opacity ranges from slightly off white to whiter, and from slightly translucent to opaque. This

difference is consistent with the size of fat bodies observed in the larvae, when they are dissected. They

are bigger in soldier larvae that are whiter and more opaque compared to minor worker larvae. From a

ventral view (Figure 10d) the body of the 4th instar larvae have uniform central abdominal segments,

which tapers slightly from segment A1 towards the anterior, and tapers more dramatically from

segments A8 towards the posterior. The proportions of the head capsule compared to the other instars is

much smaller. The spiracles are covered by cuticular hairs and cannot be observed. The only types of

cuticular hair on the head capsule are unbranched smooth straight or slightly curved, that measure

approximately 85 µm to 100 µm long. A more prominently visible pair of antennae with 3 sensillae can be

observed on the head capsule, along with a pair of tentorial pits that are shaped like slits (Figure 11m). The

galena and maxillary palps are more pronounced compared to the 3rd instar larvae. The central tip of the

labium contains the sericteries (the silk gland), where the silk for spinning cocoons is produced and

released (Figure 11m). A mixture of cuticular hairs uniformly cover the larval body, compared to the 3rd

instar. The cuticular hairs on the body are denser and uniform in size (70 µm to 90 µm). The types of

hairs found on the 4th instar larvae are: unbranched denticulate found throughout the length, as well as

unbranched smooth uncinate, branched bifid smooth, deeply bifid, branched multifid, and smooth

branching dichotomously (Figure 11n-q).

During the 4th larval instar, whether the larvae is minor-worker or soldier-destined, the colour of the

larval gut changes progressively as larvae develop from yellowish (Figure 12a, a’ and b, b’) to light brown

(Figure 12c, c’ and d, d’) to brown (Figure 12e, e’ and f, f’), indicating that the larvae are still developing.

When the larval gut color becomes dark brown (Figure 12g, g’ and h, h’) the larva ceases growth and is at

the terminal stage. The size of the larvae at this stage is correlated to the relative size of adults (Hanna et

al. 2023). Finally, when the larval gut color turns black (Figure 12 i, i’ and j, j’), this marks the onset of

pupation. Larval gut color is critical for determining the precise timing of experimental manipulations,

such as RNAi injections or other experimental treatments, which must be administered while larvae are

early enough in their development (Figure a, a’- c, c’) to elicit phenotypic effects.

Finally, we tracked the timing of development of individual larvae through to the adult stage, tracking the

size at which the larvae reached the terminal stage, the number of days it took to eclose as a pupa, and
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final head and body size of adults. We show that larval developmental time is correlated to both the size

of terminal larvae and whether it will develop into a small-headed minor worker or large-headed soldier.

Larvae that are smaller at the terminal stage (between 5-6mm), develop for a shorter period before they

metamorphose into small-headed adult minor workers (Figure 13 b, c). In contrast, larvae that are larger

at the terminal stage (6mm and above), develop for a relatively longer period, and metamorphose into

large-headed adult soldiers (Figure 13b, c). Our findings therefore suggest that there is a sharp threshold

at approximately 6mm in larval size, such that larvae that are less than 6mm (minor worker-destined

larvae, blue dots) versus those that are more than 6mm (soldier-destined larvae, red dots) produce a

discontinuous break in head size between adult minor workers and adult soldiers (Figure 13b). In

contrast, body size is continuous, such that terminal stage larvae that are continuously larger at the

terminal stage are continuously larger as adults (Figure 13c). Altogether, our findings are consistent with

those of previous studies showing developmental time and thresholds are important factors in regulating

head and body size between worker subcastes (minor workers and soldiers)[115][116][117].

2.3. Pupal Development

Pupal development ranged from 21 to 27 days for workers (Figure 14-16), this variation in developmental

time correlates with the terminal larval length (data not shown). The development ranged from 21 to 23

days for minor workers and from 24 to 27 days for major workers. Pupal morphology was analyzed from

images depicting twenty average sized minor worker destined pupae (Figure 14-16). During the transition

to the pupal stages, the larva moves its head and body, produces silk from its sericteries, and spins a

cocoon around itself. The cocoon is a uniform and thin membrane created by repeatedly layering strands

of silk in a disordered mesh. In the wild and under optimal lab conditions the larva produces a cocoon.

However, under conditions of stress we observe larvae undergoing pupation without a cocoon. Although,

C. floridanus larvae are able to undergo successful pupation into an adult ant without a cocoon the survival

of these pupae is compromised due to multiple factors including exposure to infections. This phase of

pupal development could be considered homologous to the wandering phase in Drosophila by the fact

that it is non-feeding but mobile unlike the pupa[118].

The first phase of pupation lasts from day 0 till day 3. The youngest cocoons were white while the older

ones were of a tan colour. The prepupal mouth was initially positioned ventrally similar to the 4th instar

larvae, while dark gut contents were observed at the mid-section along their length (Figure 14a, 15a, 16a).

The mouth and body were distended by day 2 so that the mouth was more anterior (Figure 14b, 15b, 16b).
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In 2 to 3 days old pupae, the dark contents of the gut were observed more posteriorly, and the body was

slightly more stretched along its length (Figure 14c-d, 15c-d, 16c-d).

The second phase of pupation starts on day 4 and lasts till day 6 and is the last phase during which the

larval cuticle remains intact (Figure 14d-f, 15d-f, 16d-f). It is characterized by the presence of expelled gut

contents as meconium attached to the inside of the cocoon near the anus, where it remains until eclosion.

The ventral of the thoracic region appears translucent, which expands and eventually shrinks to shape

upon adult features, of which leg shapes are discernible (Figure 14f, 15f, 16f).

The third phase starts on day 6 and lasts till day 17 and is the period beginning with the shedding of the

larval cuticle (Figure 14 g-q, 15 g-q, 16 g-q). The pupae had a fully formed exoskeleton with antennae, legs,

head and thorax, along with varying levels of petiole and abdomen formation, from less to more defined.

The abdomen was smoother, and the petiole initially appeared as a continuation of the curvature of the

abdomen (Figure 15g) but later was more distinct (Figure 15 h-q). Between days 6 to 7 light-brown

translucent pigmentation was observed at the posterior dorsal part of the eyes (Figure 14g, 15g, 16g).

Older pupae showed progressively greater area of the eyes pigmented. By days 9 to 10, the eyes were

pigmented throughout, but pigmentation was reddish-brown and darker at the posterior dorsal of the

eye (Figure 14j, 15j, 16j). The eyes of even older pupae appeared more pigmented so that at day16-17 they

were dark black (Figure14q, 15q, 16q).

The fourth and final phase of pupation starts on day 17 and lasts till day 20 and is characterized by

pigmentation of the body cuticle (Figure 14r-t, 15 r-t, 16 r-t). By day 16 to 17 the body has a light yellow-

brown color earliest at the thorax, around the mandibles, at the anterior part of the legs, at the joints, at

the petiole and abdomen, although more pronounced in the petiole and abdomen (Figure14r, 15r, 16r).

Between days 17 to 19 (Figure 14 s, 15s, 16 s), the pigmentation of the exoskeleton was seen in the legs,

antennae, head and thorax. Between days 19-20, the abdomen and petiole were brown, and the rest of the

body was orange (Figure 14t, 15t, 16t). These progressively darker pupae were observed till the end of

pupal development at day 21- 22. The darkening of the cuticle is also observed in the callows (young

adults) in the days following eclosion. Finally, we also observed (unpublished observations) that pupal

eclosion time might be conversely affected by the presence of minor workers. Minor workers open the

cocoon and ‘wake’ the callows up; they thus likely hasten the pupal stage duration. Therefore, future

work should investigate how and why pupal development accelerates or decelerates in the presence or

absence of workers.
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Individuals during pupal development were overall inactive with a few exceptions. When imaging pupae

that had been dissected out of their cocoons, some pupae showed regular contractions with interceding

pauses in their abdomen. This activity was observed from day 5 to 9 after cocoon formation, although

most activity was noted at day 8-9 (6 out of 12 occurrences).

The changes accompanying pupation are most dramatic between days 5, 6 and 7 when the appendages

are extended outwards, which makes the pupa resemble the adult most closely[119]. The description of

pupal development in reproductive castes (males and queens) was not undertaken here due to the lack of

an established method for induction of reproductive castes in an experimental setting for C. floridanus.

Although we have observed the development of males in orphaned colonies under specific conditions,

the lack of availability of abundant material has not allowed us to do these experiments. It should,

however, be possible in the future to describe pupal development of reproductive castes, although

significant differences in timing are not expected based on observations in M. pharaonis[36]. The pupal

stage is used in many systems across insects to effectively knockdown genes using parental RNAi for

testing maternal effect genes[120][121][122]. The critical changes occurring during pupal period could be

used as landmarks towards understanding the molecular developmental mechanisms underlying

morphogenesis and caste differentiation. This staging of pupal development in C. floridanus will enable

comparisons across ants and other insects, paving the way for a mechanistic understanding of the

evolution of morphogenesis in insects.

3. Conclusion

Despite the challenges in working with emerging models that show radical alterations in embryonic

development, we have successfully described 17 embryonic stages, 4 larval instars, and the daily

progression of the pupae of the Florida carpenter ant C. floridanus. We aim for this developmental staging

table to provide a guide for mechanistic studies in the field of eco-evo-devo of ants (Figure 17). We hope

this developmental staging table, along with that of the Pharoah’s ant M. pharoanis, will serve as

blueprints to establish developmental staging tables for each of the approximately 365 ant genera. Only

then will it be possible to gain a complete understanding of caste determination and differentiation and

morphogenesis through mechanistic studies. The interest in understanding developmental processes at

the organismal level is ever growing, and it is abundantly clear that any single level of exploration is not

sufficient to provide complete answers to questions of interest for biology in particular and science in

general.
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4. Materials and Methods

4.1. Ant collection and maintenance

Mated queens of C. floridanus were collected in Tallahassee, Florida, USA in 2007. Mature colonies

originating from a single queen were kept in sealed plastic boxes with a metal mesh-covered hole in the

lid. The inside walls of the boxes were coated with a fluoropolymer resin (BioQuip – Insect-a-Slip Insect

Barrier – Fluon®) to prevent the ants from climbing on the walls. The boxes contained multiple

disposable glass tubes half filled with water and plugged with cotton wool, and a single tube filled with

0.7M sucrose, also plugged with cotton. The tubes were held in place with modelling clay and a red

translucent cellophane film used to cover the water tubes to simulate darkness. The colonies were fed

Bhatkar-Whitcomb diet[123]  supplemented with fresh mealworms. The colonies were kept at 25°C, 65%

humidity, and 12h day: night cycle unless indicated otherwise. Embryo collection experiments were done

with colonies that have been maintained for approximately 7 years.

4.2. Embryo Collection

Mated C. floridanus queens from three different colonies were isolated separately in small Fluon®-coated

plastic boxes each with 25 workers. Two small test tubes half filled with water, and or filled with 0.7M

sucrose in water, both plugged with cotton. These colonies were not in the process of producing

reproductives (males or queens). Embryos were collected from each queen daily for 14 days and kept in

separate boxes. Workers accompanied the embryos in excess to ensure optimal care. Workers were taken

from the box harbouring the queen and the box containing the original colony to supplement the

experimental replicates. Workers were also taken from the original colony and supplemented to the box

containing the queen when needed. Replicates were fed as often as the parent colony.

4.3. Embryo fixation

Embryos were placed in a 1.5ml Eppendorf tube with 100 μl PBS-triton (1.86mM NaH2PO4; 8.41mM

Na2HPO4; 1.75M NaCl; 0.03% Triton-X-100, pH 7.4). The tubes containing the samples were cooled on ice

for 10 minutes, then placed in boiling hot water bath for exactly 30 seconds and subsequently placed on

ice. 1mL of ice-cold PBS (1.86mM NaH2PO4; 8.41mM Na2HPO4; 1.75M NaCl; pH 7.4) was immediately added

and samples were incubated on ice for 5 minutes. Embryos were then transferred to a

heptane/formaldehyde solution in a 1.5ml Eppendorf tube consisting of 50 μl formaldehyde, 450 μl PBS-
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tween (1.86 mM NaH2PO4; 8.41 mM Na2HPO4; 1.75 M NaCl; 0.05% Tween-20), and 500 μl heptane. The

tubes were incubated on an orbital shaker for 20 minutes. The lower phase (PBS-tween/formaldehyde)

was removed, and 500 μl freezer-cold methanol was added and the tube inverted several times to mix;

subsequently the solution was removed followed by two additional washes of 1ml cold methanol with 5

minutes of rotation on the orbital rotator between each wash. The embryos were stored in methanol at

-30°C.

4.4. Embryo poking and dissection

Tungsten dissecting needles were made as previously described[124]. Tungsten wire (.005in or .127mm)

was placed in a holder and sharpened by repeatedly dipping for electrolysis at 5-12V and 1M NaOH as

electrolyte. The vitelline membrane of the embryo was gently poked with the needle to permit efficient

penetration of stain when needed. A select number of embryos had the entire vitelline membrane

removed using tungsten dissecting needle and forceps. Embryos were dissected in a 50:50 PBS:Glycerol

solution.

4.5. DAPI staining

Fixed and poked embryos were incubated in a 1:2000 DAPI:PBS solution and placed on the orbital rotator

for 2h in a cold dark room and subsequently normalized in 50:50 PBS:Glycerol solution for 1h (1:2000

DAPI:PBS and Glycerol). Alternatively, the embryos were incubated in a 50:50 DAPI/PBS:Glycerol solution

for 24h to stain.

4.6. Immunostaining

Embryos collected from colonies were first fixed with 5% formaldehyde solution in phosphate-buffered

saline with 0.1% Tween 20 (PBST). The vitellin membrane was gently peeled off using a tungsten needle.

Peeled embryos were then washed several times in PBST. The samples were blocked for 1 h in blocking

solution (5% normal goat serum in PBST) at room temperature. Embryos were incubated overnight at 4

°C with the primary antibody against α-Tubulin tubulin (DSHB AB_2315513)[125] diluted 1:250 in blocking

solution. Following primary incubation, embryos were washed 3 times 10 mins each in PBST and then

incubated with an Alexa Fluor–conjugated secondary antibody A488 (1:500 in blocking solution) for 2 h

at room temperature in the dark. After secondary incubation, embryos were washed 3 times 10 mins each

in PBST and gradually transferred into increasing concentrations of glycerol (25%, 50%, and 75%) for
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mounting. Embryos were carefully removed by pipetting with a cut tip and placed on a microscope slide

for further analysis under fluorescence microscope.

4.7. Embryo imaging

The embryos in 50:50 DAPI/PBS:Glycerol solution were placed on a glass slide. Spacers made of modelling

clay, small coverslips or scotch tape were placed on the glass slide to prevent crushing of the embryos

before adding a coverslip on the embryos. Images of the embryos were taken with Zeiss ImagerZ1

microscope using preconfigured DAPI and DIC settings. Z-stacks and extended focus were done using

Zeiss Axiovision software (Carl Zeiss Canada Ltd, Toronto, Ontario, Canada). Confocal images were taken

using a Leica SP8 inverted microscope.

Images were cropped and processed using Adobe Photoshop CS5 (Adobe Systems Inc., San Jose,

California, USA). Brightness, contrast, levels, and sharpness adjustments were made to the image as a

whole. To ensure that fluorescent signals were not a result of auto-fluorescence, embryos that were of the

same age but had not been stained with DAPI were imaged alongside stained embryos. To the same end,

embryos were imaged using other fluorescent ranges such as GFP and Cy5 and no specific signal was

observed.

4.8. Time-lapse imaging of embryonic development

Queens were isolated in smaller setups along with 5-10 workers and about 10 larvae. Prior to embryo

collection, heptane glue (heptane infused overnight with double side sticky tape) was applied to the

bottom of wells of a 96 well cell culture plate and allowed to dry. Freshly laid embryos were collected and

were placed and oriented on the glue coated wells of the plate. Embryos were covered with a drop of

halocarbon oil 700 (Sigma, H8898). Time-lapse recordings were performed using cell imaging multi‐

mode plate reader Cytation™ 5 (Biotek, Winooski, VT). Z-series consisting of 2 positions surface and

center of embryo were captured for each well at 5-minute intervals beginning at the collection time.

Imaging was continued for 14 days. A 4 x phase‐contrast objective was used. Higher than optimal

exposure was used in order to visualize internal structures. Gen5™ software (Biotek, Winooski, VT) was

used to choose individual focal planes for each time point. The images were aligned and then converted

into movies using Image-J software[126].
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4.9. Larval instar duration

A mated queen was isolated with 150 workers and soldiers in a setup as described above. The setup was

kept at 28°C, 65% relative humidity, and a 12h day:night cycle. After 24 hours embryo deposition, the

queen was removed from the experimental replicate and returned to the parent colony so that there are

no more freshly laid embryos. Upon the first observation of 1st instar larvae, all unhatched embryos were

removed from the experimental replicate and the queen was placed into the experimental replicate for

the rest of larval development to avoid any confounding effects due to long term absence of the queen.

The larvae were monitored daily for transitions between instars. The newly laid eggs and embryos were

periodically removed so that there were no new larvae entering the replicate after the beginning of

observation.

4.10. SEM of Larval Instars

Two larvae from each of the instars were collected and oriented ventrally and laterally. The larvae were

mounted on a carbon tab, which was then placed on a specimen mount. The SEM pictures were taken

with the Hitachi TM3030 tabletop microscope. Images were cropped and processed using Adobe

Photoshop CS5 (Adobe Systems Inc., San Jose, California, USA). Brightness, contrast, levels, and sharpness

adjustments were made to the image as a whole.

4.11. Larval gut colour

To characterize gut colour, larvae of similar length representing different stages on the gut pigmentation

scale were sampled from the same laboratory colony. Each larva was imaged in both lateral and dorsal

views under bright-field illumination using Zeiss Axiovision software (Carl Zeiss Canada Ltd., Toronto,

Ontario, Canada).

To confirm that gut pigmentation correlated with developmental progression, individual larvae were

fixed and stained with DAPI to assess leg disc development as a proxy for overall growth status. Imaging

was performed using a Zeiss Imager Z1 microscope with preconfigured DAPI settings. Z-stacks and

extended focus images were generated using Zeiss Axiovision software.

4.12. Culturing Pupae

Late 4th instar larvae from a single source colony were isolated with minor workers (2:1 minor worker to

larva ratio), in a plastic box coated with Fluon®, until cocoon formation. The box contained glass tubes
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half filled with water and plugged with cotton wool, and a single tube filled with 0.7M sucrose, also

plugged with cotton. The tubes were held in place with modelling clay and covered with a red translucent

cellophane film.

Late 4th instar larvae were collected and were monitored for initiation of pupation. Pupae were isolated

with 5 minor workers in 18x150mm tubes containing half-way filled water restrained with cotton. Plastic

drinking straws were cut in inch-long sections and filled with Bhatkar-Whitcomb diet. The straws were

then wrapped in cotton and that was used to seal the tubes’ opening. Fresh food was replaced every 4

days. Dead workers were replaced with workers from the colony. These setups were kept horizontally in

an incubator at 25 ˚C, at a relative humidity of 60% and 12h day:night cycle. Cocoons were removed

manually before imaging. Prepupae with a body size of around 5650 μm at their larval terminal stage,

sclerotized pupae with a scape length of around 2050 μm, whose pupal stage lasted 22 days was taken as

the standard. The time points given in this paper only apply for individuals of these specific sizes.

4.13. Imaging Pupae

The pupae were dissected out of their cocoon, placed in a clean Petri dish, over a black sheet of paper and

imaged using AxioVision SE64 (Carl Zeiss Canada Ltd, Toronto, Ontario, Canada) from different angles:

ventral, lateral and dorsal. Images were cropped and had their levels adjusted as a whole using Adobe

Photoshop CS5 (Adobe Systems Inc., San Jose, California, USA).
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Figures

Figure 1. Adult of queen, and representative minor worker and major worker (soldier) of the

Florida carpenter ant Camponotus floridanus. Photos by Erik Plante and Dominic Ouellette.
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Figure 2. Differential interference contrast (DIC) images of embryonic development. Formaldehyde fixed C.

floridanus embryos: (a) stage 1 (st 1) freshly laid, note the position of the germline capsule primordium (blue

arrowhead), (b) stage 2 (st 2) nuclear divisions 2-8 (c) stage 3 (st 3) nuclear division 9, (d) stage 4 (st 4),

distinct appearance of the different regions in the embryo; the embryonic region (green arrowheads), and

germline capsule (blue arrowhead), (e) stage 5 (st 5) cellularization stage, note that the germdisc contains two

distinct types of cells embryonic columnar cells and serosal spherical (separated at green arrowhead in e’) (f)

stage 6 (st 6) gastrulation stage, note mesoderm invagination indicated by black arrowhead in f’, (g) stage 7

(st 7) formation of the germband (green arrowheads), bacteriocytes (magenta arrowhead), putative

trophocytes (blue arrow-head in g’) and serosa (black arrow-head in g’), (h) stage 8 (st 8), elongated

germband, (i) stage 9 (st 9), fully elongated germband (green arrowheads), note the movement of the

bacteriocytes (magenta arrowhead) towards the interior of the egg, uniform appearance of the germband

along the AP axis, (j) stage 10 (st 10) thickening and patterning of the germband (black arrowheads) (k) stage

11 (st 11) appearance of segments (orange arrowheads), orientation of the mouth (black arrowhead) and

initiation of germband straightening, (l) stage 12 (st 12) straightening of germband, note the gnathal buds

first appearance (black arrowhead), (m) stage 13 (st 13) initiation of dorsal closure, note the gnathal buds
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appear more elongated (black arrowheads) (n) stage 14 (st 14) rearrangement of head appendages (black

arrowheads), (o) stage 15 (st 15) completion of dorsal closure, change in positions of gnathal buds (black

arrowheads) (p) stage 16 (st 16) organogenesis, (q) stage 17 (st 17) prelarva, with an intact serosa (black

arrowhead). Note the serosa was manually removed in embryos in (h-p). Embryos are lateral, dorsal is up and

anterior is to the left. 
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Figure 3. Wide field epifluorescence images of the stages of embryonic development. Nuclear DAPI stained

C. floridanus embryos: (a) stage 1 (st 1) freshly laid, note the zygotic nuclei (white arrowhead) in the anterior

and the bacteria in the posterior (bright glow, magenta arrowhead), (b) stage 2 (st 2) nuclear divisions 2-8, (c)

stage 3 (st 3) nuclear division 9 and nuclear migration to periphery note position of pole cells (white

arrowhead) (d) stage 4 (st 4) distinct appearance of the different zones in the embryo; the embryonic zone

(green arrowheads), and germline capsule (blue arrowhead) (e) stage 5 (st 5) cellularization stage, (f) stage 6

(st 6) gastrulation stage, note the first appearance of complete bacteriocytes (magenta arrowhead), (g) stage 7

(st 7) formation of the germband (green arrowheads), (h) stage 8 (st 8), elongated germband, note the

germline nuclei (white arrowhead) inside the capsule (blue arrowhead) (i) stage 9 (st 9), fully elongated

germband (green arrowhead), note the movement of the bacteriocytes (magenta arrowhead) towards the

interior of the egg, uniform appearance of the germband along the AP axis (white dotted lines) (j) stage 10 (st

10) thickening and patterning of the germband (white dotted lines) (k) stage 11 (st 11) appearance of segments

(white arrowheads), proctodeal invagination (red arrowhead) and initiation of germband straightening, (l)

stage 12 (st 12) straightening of germband, note the gnathal buds first appearance (yellow arrowhead), (m)

stage 13 (st 13) initiation of dorsal closure, note the gnathal buds appear more elongated (yellow arrowheads)
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(n) stage 14 (st 14) rearrangement of head appendages (yellow arrowheads), (o) stage 15 (st 15) completion of

dorsal closure, note the closing gap of the amnion (blue arrowheads) (p) stage 16 (st 16) organogenesis, note

that the ventral orientation of the mouth (yellow arrowheads), (q) stage 17 (st 17) prelarva, (r) Tubulin stained

stage 4 embryos showing the externalized pole buds, (s) The germdisc at stage 5 contains two distinct types

of cells; embryonic columnar cells and serosal spherical separated at green arrowhead, (t) stage 6 embryo

showing the invagination the mesoderm. Note the serosa was removed (g-q). Embryos are lateral oriented

dorsal is up with the exception of (o), which is dorsal and (t), which is ventral, anterior is to the left.
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Figure 4. Morphological distinction and spatial distribution of extraembryonic tissues in different

embryonic stages. (a, b) Confocal scanned images of Tubulin (a,b) and DAPI (a’,b’) double-stained embryos.

Overlaps of the same scans (a”, a”’, b”, b”’) highlight the spatial organization of embryonic cells and germline

capsule (cyan-Tubulin), putative trophocytes distributed over the middle portion of the egg (green-Tubulin

false colored), and bacteriocytes in the dorsal-posterior stongly stained by DAPI (red) due to the presence of

endopolyploid bacteria. Tubulin staining reveals a lateral slit adjacent to the cluster of germline nuclei within

the germline capsule (a”’). (c-i) DAPI stained embryos of different stages. The different stages of serosa

expansion are highlighted (false colored magenta) from small spherical cells densely packed at the anterior

region (c, c’, c”, c”’) to gradual expansion during stages 6 and 7 (d, e, d’, e’) and final envelope, which persists

till the end of embryogenesis (h, h’, i, i’). Different stages of amnion development are highlighted (false

colored yellow) from dorsal sheath of the yolk at stage 8 (f, f’) to dorsal epithelium of the entire embryo
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covering the germline capsule and bacteriocytes as well (g, g’), to its detected state before dorsal closure

begins in stage 14 (h–h’) and absence in the final stage (i, i’). Embryos are oriented lateral with the exception

of c, d, e, c”, d’, e’ that are ventral and c’, c”’, h and h’ that are dorsal views. Anterior or to the left.
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Figure 5. Detailed morphology of later stages C. floridanus. (a-h) confocal scan maximum projections of

DAPI stained embryos of critical stages for embryonic germband and head development. Stage 9 the

germband is stretched along the ventral side, extending from the anterior to the posterior pole of the egg (a–

c). Stage 10 the head region becomes markedly wider, indicating advanced cephalic development (d-f). Stage

11 the tracheal pits (tp) become visible bilaterally in thoracic segment (seg) T2 through abdominal segment A8

(g–i). Stage 12 cephalic lobes and mouthpart protuberances become more distinct (j–l), the procephalic

clypeus (cl) and paired hypopharyngeal lobes (hl), and gnathal buds including the labrum (la), mandibles

(md), and maxillae (mx) and optic lobes (ol) are marked. Stage 13 procephalic buds are anterior, and gnathal
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buds appear more elongated and ventrally oriented (m–o). Embryos in the left column are ventral (a, d, g, j, m),

in the middle column are dorsal (b, e, h, k, n), and the right column are lateral (c, f, i, l, o), anterior is to the left.

Figure 6. The rate of germband retraction. Measured distance between the anterior and posterior ends of

the germband from snapshots of a movie with 5 minute intervals, reflects the progression of germband

retraction in three developmental stages. The germband begins to retract or straighten at stage 10,

proceeding more rapidly at stage 11, and subsequently slowing down again at stage 12.
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Figure 7. Relative duration of embryonic stages.C. floridanus (black bars) in comparison to M. pharaonis

(blue bars) and D. melanogaster (gray bars). Developmental stages are along the X axis, whereas the time

taken by each stage as percent of total duration till hatching is represented along the Y axis. C. floridanus

timing is based on this study, M. pharaonis timing is based on[36], D. melanogaster timing is based on[27].
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Figure 8. Schematic representation of stages of embryonic development of the C. floridanus embryo. (a-

q) Cartoon representation of stages of embryogenesis. Black circles represent nuclei, and open circles

represent cells. Maternal germplasm (a-g), and germline capsule (d-p) are highlighted in blue.

Bacteriocytes are highlighted in red (e-q). Bacteria (light orange arrowheads) are shown as rod shapes.

Open white circles in bacteriocytes (dark orange arrowheads) represent vacuoles. Note bacteriocytes

contain multiple nuclei in earlier stages (e-k) until the nuclei fuse to form single polyploid nucleus (j-q)

when lining the midgut periphery. Embryonic cells are colored green and yolk yellow. Note the formation

of organized germline nuclei (blue arrowhead) in the germline capsule during stages 6-8 (f-h). The
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formation of a pair of gonad precursor shown as a pair of dark blue cluster of cells from stages 12 to 17 (l-

q). extraembryonic cells are in gray. Anterior is to the right dorsal is up.

Figure 9. There are 4 larval instars in C. floridanus indicated by the frequency distribution of mandibular

length of larvae. Histogram of measurements of mandibular length of a random sampling from a colony is

shown. Four distinct modal distributions indicate four larval instars.
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Figure 10. Larval developmental stages. Scanning electron micrograph (SEM) images of the larval instars of

C. floridanus. (a, e, h) 1st instar larvae, (b, f, i) 2nd instar larvae, (c, g, j) 3rd instar larvae, and (d, k) 4th instar

larvae. Note that (d, k) are to scale while other panels have been scaled up. Images were taken from the ventral

(a-g) and lateral (h-k) views, anterior is facing up. The scale bar represents 250 µm.
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Figure 11. Detailed features of larvae. Scanning electron micrograph (SEM) images of the larval instars of C.

floridanus. (a-c) 1st instar larvae (ins 1) showing head (a, a’), posterior (b), lateral view of the head (c), (d-g) 2nd

instar larvae (ins 2) showing head (d), posterior (e), lateral view of the head (f) and frontal view of the mouth

(g), (h-l) 3rd instar larvae (ins 3) showing head (h), posterior (i) and three different types of hairs (j-l), and (m-

q) 4th instar larvae (ins 4) showing head (m), posterior (n) and three different types of hairs (o-q) are shown to

emphasise the larval hair morphology in detail. False colors in (a’) represent the clypeus (blue), labrum (cyan),

labium (magenta), mandible (green) maxilla (red), and gula (yellow). ‘te’ tentorial pit, ‘an’ antenna. The scale

bar represents 250 µm.
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Figure 12. Midgut color changes in larvae (a-j) Bright-field images of 4th instar larvae in lateral view

showing the changes in the color of their gut with age. (a’-j’) bright-field images of the same larvae in

dorsal views. Scalebar is 1000 microns.
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Figure 13. Developmental time and terminal larval size correlate with adult size and allometry (a)

Observation of larval instars over days of hatching from embryos (b) Correlation of larval size at terminal

length (mm) with head width (mm) in the adult. (c) Correlation between larval size at terminal length
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(mm) with scape length (mm) in the adult. Heatmap represents ratio of head width / scape length showing

minor workers in blue and soldiers in red. The gray gradient on x-axis represents increasing terminal

larval size (mm).
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Figure 14. Pupal development lateral views. (a-t) Extended focus images of minor worker pupae taken on

each day from 0 to 20 days after initiation of pupation. The individuals are size matched at the terminal

stage by measuring size and scape length. Time spent since initiation of pupation is indicated as the

number of days. Dorsal is to the right, anterior is up.
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Figure 15. Pupal development dorsal views. (a-t) Extended focus images of minor worker pupae taken on

each day from 0 to 20 days after initiation of pupation. The individuals are size matched at the terminal

stage by measuring size and scape length. Time spent since initiation of pupation is indicated as the

number of days. Anterior is up.
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Figure 16. Pupal development ventral views. (a-t) Extended focus images of minor worker pupae taken on

each day from 0 to 20 days after initiation of pupation. The individuals are size matched at the terminal

stage by measuring size and scape length. Time spent since initiation of pupation is indicated as the

number of days. Anterior is up.
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Figure 17. Schematic representation of the development of a worker ant of C. floridanus. Embryonic,

larval, and pupal stages of C. floridanus are shown as arcs of relative length along a circle that represents

development from egg laying to adult. Numbers represent the number of days from egg laying. Schematics

of important stages are shown outside the circle. Alternative embryonic stages are shown in purple shade,

larval stages in green, and pupation in orange color. Embryo cartoons are oriented laterally with anterior

to the left, larvae and pupa are oriented laterally with anterior towards the top, while the adult is shown in

a dorsal view.
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